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Abstract

The recent availability of X-ray crystallographic structures of Photosystem II (PSII) together with refined steady-state and time-resolved spec-
troscopic analyses of site-directed mutants, are leading to a more detailed understanding of the function of this photosystem. Recent data have
significantly modified the energetic picture of Photosystem II: the midpoint potentials of the first redox carriers in the chain leading to water-splitting
have been reevaluated, the free-energy changes associated with the subsequent electron/proton transfer steps have been estimated and, last but
not least, the free-energy landscape of the water-splitting reaction is starting to emerge with the identification of reaction intermediates and the
free-energy changes associated with the formation of these transient species.
© 2007 Elsevier B.V. All rights reserved.
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tial expectation that the kinetics and mechanism of primary
charge separation would be very similar (discussed in [3] and
see [4–8,13,23] for structures). There are, however, a number
of structural modifications that likely contribute to the observed
. Introduction

The oxidation of water to molecular oxygen is described by
he equation: 2H2O → O2 + 4H+ + 4e−. Water is a very stable

olecule and its oxidation requires the availability of strongly
xidizing species (at pH 7.0 the midpoint potential of the
2/2H2O couple is 810 mV). In Photosystem II (PSII), the only
iological complex capable of producing oxygen from water,
his oxidizing power is provided by the successive absorption of
our photons and their photochemical conversion into electro-
hemical energy. PS II bears various redox cofactors among
hich are: a chlorophyll a dimer (PD1PD2), two chlorophyll
monomers (ChlD1 and ChlD2), two pheophytins a (PheoD1

nd PheoD2), two plastoquinones QA and QB, two redox-active
yrosines and a tetranuclear manganese cluster. An absorbed
hoton is used to promote an electron from the ground to the
xcited state of a redox-active chlorophyll. This electron is now
strong reductant and is transferred to a nearby acceptor. The

esulting charge-separated state is then further stabilized by suc-
essive electron transfer steps involving multiple redox centers.
he coupling between this one-electron process and the oxi-
ation of water to dioxygen, a four-electron process, is made
ossible by a charge-storing mechanism in PSII which allows
he accumulation in one site of the four oxidizing equivalents
eeded to generate molecular oxygen. This catalytic center, com-
osed of four Mn ions and one Ca ion coordinated by �-oxo
ridges and amino-acid residues, has five different oxidation
tates (S0, S1, S2, S3 and S4). Four successive light reactions
rive the four successive oxidations between the Si and Si+1
tates [1,2]. Upon S4 formation, an oxygen molecule is pro-
uced and released, regenerating the S0 state. The success of
his model, first proposed by Bessel Kok, resides in its abil-
ty to formally and simply describe the function of the enzyme
ithout any assumptions as to the chemical nature of the tran-

ient states involved, nor on the precise mechanisms underlying
he interconversion of the S states. Numerous studies aimed at
nraveling the structure and function of PSII, now allow one to

o far beyond this phenomenological description. We attempt
ere to review some of the recent progress in the understanding
f the mechanisms and energetics which underlie photosynthetic
ater oxidation.

F
t
o
r

. Primary charge separation: structural arrangement
f the cofactors and mechanism

.1. A brief comparison of PSII with purple bacterial RCs

The arrangement of the redox cofactors in PSII reaction cen-
ers is quite close to that of the purple bacterial reaction centers,
ith two parallel A and B branches that span the photosynthetic
embrane (see Fig. 1). The similar distances and orientations

f these components and the homology between the L and M
nd D1 and D2 subunits that coordinate them led to the ini-
ig. 1. Redox-active components of the Thermosynechococcus elongatus Pho-
osystem II adapted from [13] (pdb datafile: 2AXT). The view is in the plane
f the membrane. The subscript D1 or D2 refers to the subunit which binds the
edox components.
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inetic and mechanistic differences to be described below. Cer-
ainly, the major difference is the replacement of Bchlorophyll

with chlorophyll a, Bpheophytin a with pheophytin a and
biquinone with plastoquinone. Other differences include the
lectronic interaction coupling between the special pair chloro-
hylls, 500–1000 cm−1 [9] for PL and PM in the purple bacterial
Cs and 85–140 cm−1 [10–12] for PD1 and PD2 in PSII. These

ikely arise from differences in the center to center distances,
.4–7.6 Å for PL and PM [4] versus 7.6–8.4 for PD1 and PD2
8,13], side to side separation and a slightly different orientation
f the tetrapyrrole head groups, all of which affect orbital over-
ap. The electronic coupling between PL and PM in the bacterial
eaction centers produces a substantial low energy exciton band,
he longest wavelength band of the reaction center, resulting in
he direction of excitation energy to the PLPM special pair. In
SII, the much weaker coupling between the reaction center pig-
ents makes for much less spectral differentiation between the

eaction center chlorins. The ChlD1 and ChlD2 accessory chloro-
hylls in PSII lack the axial histidine ligands that coordinate their
acterial reaction center homologues (L-His153 and M-His180
R. viridis numbering) replaced by Thr179 and Ile178, respec-
ively) and are likely coordinated by water molecules, though
hese are not actually visible at the current resolution of the X-
ay structures [6–8,13,23]. The significance of this difference is
ot entirely clear, though it could affect the reduction potentials
f these chlorophylls.

.2. A-branch electron transfer

In the case of the purple bacterial reaction centers, charge
eparation is initiated at the special pair Bchlorophylls PL and
M to form P+Pheo− with electron transfer occurring on the
o-called A-branch (L-side) of the reaction center. There is a
lear-cut preference for A-branch (D1-side) electron transfer in
SII as well. Of the two pheophytins associated with the PSII
eaction center, PheoD1 is the more likely primary acceptor as it
s located on the active A-branch of the reaction center in close
roximity to the primary quinone electron acceptor, QA. Direct
vidence for the D1-side (PSII A-branch) pheophytin, PheoD1,
n this role is provided by spectroscopic signals (ENDOR, Res-
nance Raman and FTIR) associated with the perturbation of
he hydrogen bond to the C13

1 O keto carbonyl of PheoD1 from
esidue D1-130, homologous to the L-104 hydrogen bond to
he active branch pheophytin of the purple bacterial reaction
enters [14–16]. Site directed mutations, D1-Gln130Glu and
eu, in Synechocystis 6803 shift the absorbance spectrum of the
680

+Pheo− radical pair state [17] and lower and raise, respec-
ively, the energy of the P680

+Pheo− radical pair state by 34 and
y 53 meV, respectively, measured at 60 ps following actinic
xcitation [18]. Similar values were recently obtained by com-
aring the intensity of the thermoluminescence band associated
ith S2QA

− charge recombination, in the WT and mutant strains
19]. Site-directed mutations in Chlamydomonas reinhardtii at

1-Glu130His, Gln and Leu shift the value of the gx component
f the g-tensor for Pheo− as detected by high-field EPR [20].
iven the small energy differences in the optical transitions of

he A and B branch monomeric accessory chlorophylls and pheo-

p
s
c
t
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hytins, it is likely that the preference for the A branch at room
emperature has to do with the energetics of formation of the
rimary radical pair, the anion of which is a Pheo− (see below).
shikata et al. [21], for example have calculated, based on the
-ray crystallographic structures, reduction potentials of −499

nd −577 mV for the A- and B-branch Pheo’s, respectively.
ere the A- and B-branch accessory chlorophylls to have equiv-

lent reduction potentials, then the A-branch would be highly
avored. However, depending on the structural model used, these
uthors [22] estimate that one or the other of the two acces-
ory chlorophylls has the lower reduction potential out of the
our chlorophylls centrally located in the reaction center. Exper-
mental evidence, however, indicates that the cation is stabilized
rimarily on PD1 (see below), which implies either that the X-ray
rystallographic models used [8,23] are not yet sufficiently well-
esolved to accurately compute the reduction potentials of the
ccessory chlorophylls or that the assumptions regarding their
lectrostatic environment are not altogether accurate.

.3. Radical pair states and implication of ChlD1 in
rimary radical pair formation

Several groups have argued, based on the following observa-
ions, that charge separation in PSII is initiated on ChlD1 rather
han on PD1 and PD2. This evidence includes (1) special condi-
ions under which direct excitation of BA (the bacterial homolog
f ChlD1) was achieved in bacterial reaction centers, initiating
harge separation from this chromophore despite the normal
reference for excitation energy localization on the excitoni-
ally coupled PL and PM Bchlorophylls [24–26]. Because the
xcited states in the PSII reaction center are more degenerate, the
robability of such charge separation occurring from ChlD1 was
uggested to be higher [11,27–31], and even favored at low tem-
erature where ChlD1 is the red-most chlorophyll of the reaction
enter [3,32]; (2) interpretation of coherent photon echo spec-
roscopy experiments [30]; (3) interpretation of Stark spectra
s indicating the existence of a ChlD1

δ+Pheoδ− charge-transfer
tate [33], and (4) detection of a Pheo−, formed in the initial
adical pair state prior to the detection of P680

+ (cation mostly
esides on PD1, see below), implying that the cation involved in
he initial charge pair with Pheo− is located on a redox species
t higher energy and closer than PD1, most likely an accessory
hlorophyll [34,35].

.4. Kinetics of radical pair formation

Measurements of charge separation in PSII (see Fig. 2) are
uite complicated and multiphasic owing in part to the difficulty
n distinguishing between absorbance changes associated with
xcited states and radical pair states which tend to be nearly
soenergetic, coupled with inhomogeneous optical broadening,
distribution of energy levels of each of multiple radical pair

tates, including those coupled to protein relaxation. The inter-

retation of the results also depends on how one models the
pectral components, including exciton coupling and how one
alculates intrinsic rate constants from the measured or effec-
ive rate constants. These issues become even more complex
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ig. 2. Electron transfer dynamics in Photosystem II: the electron acceptor side.
ee text for a detailed discussion.

he larger the size of the antenna complex associated with the
eaction center. A discussion of these issues and how they relate
o the kinetics of formation of the primary radical pair, rang-
ng from subpicosecond to ∼20 ps at room temperature, are
eviewed in the following references [29,36,37]. Recent pub-
ications using femtosecond infrared and visible absorbance
pectroscopy (T ≥ 4 ◦C) provide quite different numbers in D1-
2-cytb559 reaction centers isolated from spinach, though both

gree that PheoD1
− is formed in the initial radical pair state.

root et al. [34] using infrared spectroscopy detect Pheo− (RP1)
n 0.6–0.8 ps while P680

+ (RP2) appears with a lifetime of ∼6 ps.
olzwarth et al. [35] working at ambient temperature in the vis-

ble range find that the initial radical pair state containing Pheo−
RP1) appears in 3.2 ps while state P680

+Pheo− appears with a
ifetime of 11 ps. In core complexes, these lifetimes are similar
t 1.4 and 8 ps, respectively. A relaxed P680

+Pheo− state is sug-
ested to form in 135 ps in reaction centers lacking QA while in
ore complexes a 202 ps lifetime is attributed to the formation of
adical pair P680

+QA
−, the latter being typical of the 200–500 ps

eported for electron transfer from Pheo− to QA (see [36] for
elevant references). Both groups agree that Pheo− appears prior
o P680

+ and attribute the oxidized donor in RP1 to ChlD1
+. With

egard to this issue, PSII would significantly differ from its bac-
erial homolog in which, according to the favored sequence of
vents, the primary electron donor is P and the primary electron
cceptor the “accessory” (ChlD1).

.5. Photosystem I, Photosystem II and Type II bacterial
eaction centers—which is the odd one out?

Interestingly enough, it has been proposed recently that a
imilar charge separation mechanism applies in Photosystem
. This comes from the finding that mutation near P700 affects
he rate of the RP1–RP2 step rather than that of the formation
f the first radical pair (RP1) [38]. In line with this, in Photo-
ystem I, mutations near the ec3-A or ec3-B Chls, which are
tructurally analogous to PheoD1 or PheoD2 in PSII, affect the
elative efficiency for electron transfer down the A- or B-branch
n a complementary manner [39]. This observation was taken as

n indication that these chlorophylls are involved in the initial
harge-separation mechanism [39]. In PSI, the rings of the ec2
nd ec3 chlorophylls are almost parallel and partially overlap
40], whereas, as discussed above, the structural arrangement

s
t
O
i
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f the redox cofactors in PSII and type II bacterial RCs are
imilar, with the tetrapyrrole head groups of the Chl and Pheo
riented at an angle of ∼45◦. Yet, although structurally similar
o the bacterial RC, PSII thus seems to be functionally more
losely related to PSI. A feature that is common to PSII and
SI and different from the bacterial RCs is the relatively weak
oupling between the six chlorins participating in the primary
nd secondary electron transfer steps (see above and [41,42]),
o that this ensemble may be seen as a multimer of the six nearly
qually coupled chlorins [43–45]. In the case of PSII, it has been
ut forward that such a multimeric organization would be a key
eature in determining the tuning of the photochemical trapping
fficiency and the control of the excitonic flux by the quenching
f the exciton in the antenna [44]. Indeed, it would reconcile two
pparently conflicting requirements, the need for a slow enough
harge separation rate to allow, under certain conditions (e.g.
nder high light stress), the efficient quenching of the exciton
ithin the antenna complexes and the achievement of a high
uantum yield [44]. Although exciton quenching is thought to
ccur mostly within the PSII light harvesting complexes, long
avelength absorbing chlorophylls associated with PSI could
e involved in the regulation of the exciton flux, provided that,
s in the PSII case, their deexcitation can compete with charge
eparation. It is thus tempting to propose that the reasons for
he “shifted”, with respect to the bacterial reaction center case,
harge separation mechanism which is common to PSI and PSII,
ie in the weak coupling between the Chls constituting the P680
r P700 dimers.

.6. Localization of the P680
+ cation

FTIR detection of an intervalence near IR band
2000–3000 cm−1) [46,47] and ENDOR measurements of
ethyl hyperfine couplings [48,49] have been interpreted as

ndicating some delocalization of the P680
+ cation between PD1

nd PD2. The ENDOR measurements were suggested to indicate
n approximate 80:20 distribution, though such measurements
ould not indicate which of the chlorophylls dominated.
ite-directed mutations at D1-His198 and D2-His197, the axial

igands of PD1 and PD2, respectively, were able to introduce
isplacements of the absorbance spectra in both the Soret
nd Qy absorbance bands and in some cases changes in the
eduction potential of P680

+/P680 [32]. The displacement of the
pectra was larger and to the blue for site-directed mutations at
1-His198, consistent with the replacement of the polarizable
is ligand with the less polarizable Gln, Asn or Ala (actually
water). The consequences of the mutations constructed at
1-His197 tended to be smaller, showing small shifts to the

ed in those cases where the Chl+/Chl reduction potential
ecreased, suggesting an increased contribution of the more
ed-shifted PD2 chromophore to the (P680

+-P680) difference
pectrum. These observations were interpreted as indicating a
ominant localization of the cation on PD1 with an increased

haring of the cation with PD2 under conditions which lowered
he reduction potential of the latter (e.g. D2-His197Ala).
kubo et al. [50] have revisited the characterization of the

ntervalence band and the positions of the C13
1 O keto stretch
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n the P680
+/P680 difference spectrum. They find the degree of

elocalization to be limited in spinach PSII membranes and
ild type Thermosynechococcus elongatus core complexes

70–80% localized) [50], in agreement with the conclusions
rawn from ENDOR and from the optical characterization
f the site-directed mutants. In contrast, FTIR measurements
n D1D2-cytb559 reaction centers from spinach indicated the
elocalization to be complete [50]. The increased localization
f the P680

+ cation on PD1 compared to the purple bacterial
eaction centers is likely to be a consequence of the slightly
ncreased separation of the special pair chlorophylls resulting
n a decreased overlap of the special pair wave functions [51].
ne advantage of this increased localization is that it places

he cation in closer proximity to redox-active tyrosine, YZ, the
mmediate secondary donor to P680

+, accelerating the rate of
lectron transfer. As we will see below it also likely influences
he reduction potential of the P680

+/P680 redox couple.

. Drawing the energetic picture of PSII from the
inetic studies

.1. The various midpoint potentials usable as reference

Determining the free-energy level of the various states tran-
iently formed during the turnover of Photosystem II is essential
or the understanding of water-splitting because it puts severe
onstraints on the mechanistic models which can be considered.
o date, only a limited number of electron carriers can be titrated
nd their midpoint potentials directly measured. Yet, these can
erve as references and, provided the free-energy change asso-
iated with the electron transfer between one of these redox
ofactors and another electron carrier is known, allow the deter-
ination of their relative reduction potentials. This strategy has

een undertaken by many groups and a fairly complete picture
merges from these numerous studies. However, inconsisten-
ies arise because different reference points are chosen. We will
hus first discuss the various midpoint potentials that may be
aken as references and, then, attempt to rebuild the entire ener-
etic edifice of PSII. To date, the midpoint potential of four
edox carriers has been directly determined by redox titration:
heoD1, QA, YD and cytochrome b559. By measuring the amount
f Pheo− which can be photo-accumulated, Klimov et al. [52]
nd Rutherford et al. [53] estimated the midpoint potential of
he Pheo/Pheo− couple to be −600 to −650 mV, consistent with
he more negative values reported in bacterial reaction centers
hich range from −400 to −600 mV [54–57]. Krieger et al.

58] nicely illustrated the range of factors that affect the mea-
urement of the midpoint potentials. From a careful survey of
he literature they collected 29 estimates ranging from −300 to
100 mV for the reduction potential of the QA/QA

− couple. A
ystematic evaluation of critical parameters such as the effects of
edox mediators or the integrity of the Mn4Ca cluster led these

uthors to favor −30 mV (in the presence of DCMU and with
he cluster intact) as the most reliable value (see [58,59] for a
iscussion on the origin of the values in the −300 to +100 mV
ange). Another potential reference point is the midpoint poten-
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ial of the YD
ox/YD couple which was measured at pH 8.4 in

n-depleted PSII by Boussac and Etienne [60] who reported a
alue of 760 mV.

.2. Does the difference in free-energy between the
+Pheo− and P+QA

− states match the difference in redox
otential of the Pheo−/Pheo and QA

−/QA couples?

Taking these various possible references as starting points,
ifferent strategies may be followed to infer the operating redox
otentials of the other electron carriers. In each case, they rely
n the determination of the free-energy change associated with
given electron transfer reaction and on the assumption that

he difference in redox potential between the electron donor and
cceptor is equal to this change. As just discussed, the redox
otentials of the PheoA/PheoA

− and QA/QA
− couples having

een directly measured, one may evaluate this strategy by com-
aring the difference between these two (�EPheoQ ∼−610 mV)
o the available estimates for the free-energy change associ-
ted with electron transfer between PheoA and QA (�GPheoQ).
GPheoQ may be quantified by investigating the yield of the vari-

us recombination pathways involved in the decay of the S2QA
−

harge separated state. Three routes should be considered which
ll involve the repopulation via Boltzmann equilibrium of the
+QA

− state. From this latter state, charge recombination may
ccur either via direct electron transfer between P+ and QA

−
direct pathway), or via the thermally activated repopulation
f P+Pheo− and the ensuing electron transfer between P+ and
heo− (indirect pathway) or via the repopulation of the P* state
nd the deactivation of this excited state (excitonic pathway).
s first discussed by van Gorkom [61], the yield of the exci-

onic pathway would be much lower than experimentally found
f �GPheoQ were equal to �EPheoQ. Indeed, the maximum rate
or this pathway vexc is kexc/Kexc, where kexc is the rate con-
tant for exciton deactivation and Kexc, the equilibrium constant
etween S2QA

− and S1P*QA. Since the rate of charge recom-
ination of the S2QA

− state is ∼0.2 s−1 and kexc ≈ 3.108 s−1

62,63], the finding of a 3% yield for the excitonic pathway [64]
mplies vexc ≈ 0.2 s−1 × 0.03 = 6.10−3 s−1 and Kexc ≈ 5 × 1010

hich translates into a maximum of 640 meV for the free-
nergy gap between S2QA

− and S1P*QA. This mere finding
hows that �GPheoQ must be significantly smaller than �EPheoQ
ince otherwise the remaining driving force for the formation
f the S2QA

− state from S1P+QA
− would be shockingly small

640–610 = 30 meV).

.3. Operating versus midpoint potentials

Apparent contradictions between �G and �Em are far from
eing unique to Photosystem II and have led to the distinc-
ion between ‘equilibrium redox potential’ and ‘operating redox
otential’. These differences arise because the two methods do
ot probe the same state of the redox cofactors. Two types of phe-

omena may account for these differences. One comes from the
ifferent time-domains involved in equilibrium redox titration
nd functional analysis. Whereas redox titrations require ther-
odynamic equilibrium between the sample and the solution
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oised at a given electrochemical potential, the functional anal-
sis allows one to probe transient states whose free-energy may
iffer significantly from that of the equilibrated states. Indeed, in
esponse to the change in the redox state of a given cofactor, the
rotein environment may undergo energetic relaxation (such as
roton transfer, conformational changes) which may be slower
han the lifetime of the transient oxidized (or reduced) cofac-
or. Armstrong and colleagues have nicely illustrated this point
ith the ‘fast-scan electrovoltammetric’ technique [65]. Other

xamples are found in photosynthetic reaction centers (RC)
see, e.g. [66,67]). An alternative but non-exclusive explanation
f the different Ems yielded by redox titration and functional
nalysis relies on the fact that most of the membrane proteins
nvolved in electron transfer reactions bind several cofactors
hich are usually located at less than 15 Å from one another.
uch short distances may result in significant electrostatic inter-
ctions between the different cofactors. Thus, the free-energy
evel of a given cofactor includes the electrostatic contributions
f the nearby electron carriers. Such a contribution has been
icely illustrated in the case of the tetraheme cytochrome of
lastochloris (formerly Rhodopseudomonas) viridis [68–70]. It

s noteworthy, however, that throughout a redox titration, all of
he cofactors undergo an identical charge change in terms of
ign (i.e. all are either reduced or oxidized), whereas in an elec-
ron transfer chain, two nearby cofactors involved in an electron
ransfer reaction will undergo charge changes of opposite sign
one will be oxidized at the expense of the other). Consequently,
f the electrostatic interaction between the two is significant, the
ifference between their equilibrium Ems will be greater than the
ree-energy change associated with the electron transfer between
hem.

. Energetics of the secondary and tertiary
lectron/proton transfer

.1. Free-energy difference between P+Pheo− and P+QA
−

Such electrostatic contributions may have significance with
egard to the present issue of the apparent discrepancy between
GPheoQ and �EPheoQ. A first effect is the interaction between
heo and the anionic quinone QA

− which might be present at
he low potential poise where PheoD1 titrates (unless the dou-
ly reduced QAH2 is formed). Such interaction was estimated
t 90 mV [71]. The second and presumably even more signifi-
ant effect is the interaction between the cationic P+ and Pheo−
hat should be taken into account when estimating the free-
nergy level of the P+Pheo− state but does not contribute to the
quilibrium redox potential of the Pheo/Pheo− couple. From
lectrostatic calculations, Parson et al. [72] estimated this inter-
ction between P+ and Pheo− at 160 mV in the bacterial reaction
enters, and Ishikita et al. [21] at 82 mV in PSII. Together with
he 90 mV interaction with QA

− this would decrease �GPheoQ
ith respect to �EPheoQ by 170–250 meV so that �GPheoQ

ould be ∼440–360 meV. It should be noted that these two con-

ributions mostly affect the free-energy level of the P+Pheo−
tate with respect to its expected value derived from the Em
f the Pheo/Pheo− couple, making the midpoint potential of the

c
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w
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A/QA
− couple a much more robust reference value (see Fig. 3).

ased on this reference, one may then derive the operating redox
otentials of the P+/P and P+/P* couples.

.2. Free-energy difference between S1P* and S2QA
−

As described above, the free-energy gaps between S2QA
−

nd S1P*QA on the one hand and S2Pheo−QA on the other
and may be estimated from the combined knowledge of the
espective deactivation rates and yields of the different charge
ecombination pathways. The yield of the indirect pathway has
een estimated by comparing the lifetime of the S2QA

− state
n Photosystem II mutants of Synechocystis 6803 bearing site-
irected replacements of the D1-Gln130 residue [17,18] which
s involved in a H-bond with the C13

1 O of PheoA [15]. The
trength of the H-bond is expected to modify the redox poten-
ial of the Pheo/Pheo− couple (the stronger the H-bond the
ore positive the redox potential) and hence the yield of the

ndirect pathway. Accordingly, the recombination rate of the
2QA

− state was found to increase with the H-bond strength
19,73,74], arguing for the significance of the indirect path-
ay in the overall charge recombination process. This point
as further supported by changes in the thermoluminescence
and intensity resulting from mutation-induced modifications
f the free-energy level of the P+Pheo− state, demonstrating,
s previously proposed by van Gorkom [61] and Vavilin and
ermaas [75] that the excitonic pathway is by-passed by the

ndirect pathway [19,76]. In addition to this qualitative agree-
ent, the comparison of the S2QA

− lifetime in the various
utants allowed the estimation of the intrinsic rates of the var-

ous pathways (and hence of their respective yields) either by
elying on the published estimates [18] for the changes in the
ree-energy level of the P+Pheo− state [73] or on the direct
uantification of these changes through the mutation-induced
odification of the thermoluminescence band intensity [19].
oth approaches yielded similar values: Rappaport et al. [73]
stimated the rate and yield of the direct pathway at vdir =
.05 s−1 and Φdir = 23% (or vind ≈ 0.17 s−1), respectively, and
ser and Vass [19] found vdir = 0.09 s−1 and Φdir = 12% (or
ind ≈ 0.67 s−1). As described in [73] vind = k′

PhQ/KSPKPhQ

ith k′
PhQ = kPhQkPhP/kPhQ + kPhP where KSP and KPhQ stand

or the equilibrium between S2P and S1P+ and between P+QA
−

nd P+Pheo−, respectively, and kPhQ and kPhP stand for the
lectron transfer rates between Pheo− and QA and Pheo− and
+, respectively. As these two latter values are known from the

iterature (kPhQ = 3.3 × 109 s−1 [77–80] and kPhP = 3 × 109 s−1

81]), the free-energy gap between S2QA
− and P+Pheo− can

e estimated to be 560–590 meV (see Figs. 2 and 3). Inter-
stingly enough, these studies also allow one to assess the
ree-energy gap between the S2QA

− and P+QA
− states and thus

o extract �GPheoQ from the above value. Indeed, the rate of
ecay of the S2QA

− state via the direct pathway (vdir) may be

ompared to the electron tunneling rate between P+ and QA

−
kPQ) and yield KSP. The rate of P+QA

− decay at cryogenic
emperatures (which blocks the indirect and excitonic path-
ays) was reported to be 410 s−1 [82,83]. This is similar to the
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Fig. 3. The operating potentials of the essential redox components in Photosys-
tem II when the midpoint potential of the QA/QA

− couple (−30 mV, [58]) is
taken as a reference. Note that, as discussed in the text, these operating poten-
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ials are determined on the basis of the experimentally accessible free energy
hanges associated with the different electron transfer steps. The time-dependent
elaxation processes are indicated by shaded boxes.

xpected tunneling rate derived from Marcus theory (500 s−1,
83]) and since KSP = kPQ/vdir ≈ 5500 − 8200, one obtains
GSP ≈ 220–240 meV and �GPheoQ ≈ 320–370 meV [73]. De
ijn and van Gorkom [84] reached a similar estimate to account

or the low yield of the direct charge recombination pathway with
espect to the indirect non-radiative one. From ps-luminescence
ecay measurements, the free-energy change associated with
he exciton trapping has been estimated by various groups
sing different materials. Here again, a fairly consistent pictures
merges. Using D1D2-b559 reaction centers, Booth et al. [85]
ound that the free-energy difference between P* and P+Pheo−
as ∼135 meV. When using PSII particles, the free-energy

hange associated with exciton trapping was ∼45 meV and the
nergy difference between P* and the radical pair was∼165 meV
71,86,87], yielding an entropic stabilization due to the dilution
f the exciton over the antenna of ∼120 meV. In the case of intact
SII, with an antenna containing ∼200 Chls, this stabilization
hould be slightly larger and accounts for an energy difference
f 140 meV between P* and the exciton, yielding ∼185 meV
etween P* and the radical pair. Reassuringly, addition of the
5 meV resulting from charge separation to the 560–590 meV
ifference between S2QA

− and P+Pheo− yields a free-energy
ap between the exciton and S2QA

− of 605–635 meV, a figure
hich closely matches the 640 meV estimated by van Gorkom

nd co-workers from the yield of the excitonic pathway. The
easonable agreement between various approaches taken by dif-
erent groups places P* 750–780 meV above S2QA

−. Recently,
rabolle and Dau revisited these issues with a different approach

rom those just discussed which mostly relied on the kinetic
nalysis of the charge recombination process. By a careful cali-

ration of the delayed fluorescence yield based on the measure
f the prompt fluorescence yield, they could quantify the frac-
ion of PSII in the excited state in Boltzmann equilibrium with
he charge separated state, and directly infer the free-energy
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ifference between the considered states. A value of 430 meV
as found for the energy difference between YZ

oxQA
− and the

xciton, which after substraction of the 38 meV associated with
eduction of P+ by YZ in the time-range studied and of the
5 meV associated with exciton trapping leads to ∼345 meV
etween P+Pheo− and P+QA

− [88].

.3. The operating potential of P680
+/P680

From this non-exhaustive survey of the literature, it appears
hat, electroluminescence, thermoluminescence, kinetic studies
f charge recombination or delayed fluorescence have led to
ather similar figures so that one can start to draw with reason-
ble confidence the energetic picture of PSII. The free-energy
ifference of 500 meV [88] or 540 meV [73] between P* and
+QA

− is particularly interesting as, with the midpoint potential
f the QA/QA

− couple as a reference (−30 mV in the presence
f DCMU [58]), it yields an estimate of the absolute midpoint
otential of the P+/P* redox couple and hence of the P+/P couple
fter the addition of the energy of the singlet-singlet transition
f P: Em (P+/P) ∼−570 + 1830 ≈ 1250 mV. Since, as discussed
bove, the cation mostly resides on the PD1 chlorophyll, this
alue may be compared with the midpoint potential obtained by
olving the Poisson–Boltzmann equation for PSII: 1.25 V [22].
t should be stressed that, given the uncertainties of the various
gures used in the preceding estimation of Em (P680

+/P680), the
erfect numerical agreement is likely to be coincidental although
t certainly brings support to the entire edifice.

.4. Factors that modulate the reduction potential of the
rimary donor

The need for an elevated reduction potential for P680
+/P680

s critical to the requirement of the reaction center to be able
o drive the oxidation of water to molecular oxygen, a process
hat requires a reduction potential of ≥0.9 V at pH 6, the esti-
ated pH of the lumenal space of the thylakoid at modest photon
uxes [89]. Certainly, a major contributor to the elevated reduc-

ion potential of P680
+/P680 over P870

+/P870 is the replacement
f Bchlorophyll a with chlorophyll a the midpoint potentials of
hich differ by 160 mV in CH2Cl. This difference is in large
art due to the stabilization of the HOMO in Chl by its more
xtensive �-system relative to Bchl [90]. There must, however,
e other factors in play as the reduction potentials of the redox
ouples P680

+/P680 and P700
+/P700 differ by ∼800 mV despite

he fact that both are weakly coupled chlorophyll dimers. A
onsequence of the increased localization of the P680

+ cation
entioned above is that it is likely to increase the reduction

otential of the P680
+/P680 redox couple over what it would be

n the delocalized state [51,91]. An example of the influence
f charge localization between the special pair BChls on the
eduction potential of the primary donor has been demonstrated
n Rb. sphaeroides reaction centers where in the wild-type the

ation is delocalized favoring the PL over PM by a factor of 2:1
92] to 3:1. Ivancich et al. [93] have analyzed a series of eight
ite-directed mutations at M160 which increase the strength of
he hydrogen bond to the C13

1 O carbonyl of the PM BChl.
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he hydrogen bond is proposed to stabilize the PM HOMO and
hat of the special pair dimer, raising the reduction potential of
he P870

+/P870 redox couple. A correlation was demonstrated
etween increased localization of the cationic charge on PL
nd an increase in the P870

+/P870 reduction potential. A more
xtreme example involves the replacement of M-His202, the
xial ligand to PM, with Leu which results in the replacement of
he M side special pair BChl with a BPhe, producing complete
ocalization of the cation on PL [94,95] and an increase in the
eduction potential of P870

+/P870 from 505 ± 5 to 640 ± 10 mV
94,96]. The influence of delocalization on the P680

+/P680 reduc-
ion potential has been invoked by Okubo et al. [50] as a possible
eason for why P680

+ is unable to oxidize YZ in D1D2-cytb559
eaction centers where the cation is completely delocalized.

Allen et al. [96] have manipulated two sets of hydrogen
onds to PL in the M-His202Leu Rb. sphaeroides heterodimer
utant, where the cationic charge is already localized on PL.
he mutation L-Leu131His introduces a hydrogen bond between
istidine and the C13

1 O carbonyl of the BChl PL whereas L-
is168Phe removes a hydrogen bond to the C2-acetyl group
f the BChl PL. The former raises the midpoint potential of
+/P by 80 mV while the latter decreases the midpoint poten-

ial of P+/P by 85 mV. Mutations that introduce hydrogen bonds
o the BPheo of the heterodimer have much smaller effects on
he Em of P+/P (+15 mV) consistent with the localization of the
ationic charge on PL in the heterodimer. Clearly, the hydro-
en bonds increase the reduction potential of the Bchl to which
hey are introduced. In the case of PSII, however, the hydrogen
onds to the C13

1 O carbonyls of both PD1 and PD2 are thought
o be quite weak from FTIR [46,50,97–99] with C O stretch-
ng frequencies of ∼1700 cm−1. This prediction has been borne
ut by the X-ray crystal structure which indicates the absence
f a hydrogen bonding residue [8,13,23], implying that such
ydrogen bonding is not a major factor in the elevated reduction
otential of P+/P. There is, however, a likely hydrogen bond to
he C13

1 O of ChlD1 (FTIR stretch 1669 cm−1) [46], not visible
n the PSII X-ray structures, but likely provided by a bridging
ater molecule from D2-His197, by analogy with purple bacte-

ial reaction centers [100]. This hydrogen bond likely contributes
o raising the reduction potential of the ChlD1

+/ChlD1 redox cou-
le relative to P+/P. Indeed, site-directed mutations that weaken
he hydrogen bond appear to accelerate the rate of S2QA

− charge
ecombination, presumably by lowering the reduction potential
f the ChlD1

+/ChlD1 redox couple (Rachel Cohen, unpublished
esults).

Another factor that contributes to the tuning of the chloro-
hyll reduction potential is the distortion of the tetrapyrrole head
roup, which decreases the extent of conjugation, raising the
OMO and decreasing the reduction potential. Such distortion
as been noted in the Chla of P700 in PSI [40,90]. The reduc-
ion potential of P680

+/P680 would be maximized by making the
etrapyrrole head group of PD1 as planar as possible, coplanarity
f the C13

1 O in ring V which would likely maximize the elec-

ron withdrawing properties of this substituent and coplanarity
f the vinyl group which would extend the �-system [40,90].

Charges are also likely to exert considerable influence over
edox tuning, with plus charges raising the P+/P reduction poten-
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ial and negative charges doing the opposite. Such charges have
een considered in detail by Ishikata et al. [91], who have com-
ared the X-ray structures of PSII and PSI and attribute the
pshift of the reduction potential of P680

+/P680 relative to that of
700

+/P700 to the following factors: 1) atomic charges associated
ith the peripheral subunits (upshifting the Em of P680

+/P680 by
70–200 mV relative to P700

+/P700); 2) the positions of axial lig-
nds to PD1 and PD2 at the lumenal end of the transmembrane
-helix as opposed to their location 8 residues from the end in the

ransmembrane J-helix in the case of PA and PB of PSI. The loca-
ion of the pigments relative to the protein helical dipoles result
n an overall upshift of the Em of P680

+/P680 by 130–140 mV
elative to the Em upshift of ∼30 mV for P700

+/P700; and 3) the
harges associated with the Mn4Ca cluster (upshifting the Em
f PD1 and PD2 by 210 and 110 mV, respectively). As far as this
atter contribution is concerned, experimental data are sugges-
ive, however, that removing the Mn4Ca cluster rather results
n an increase of the equibrium constant between P680

+YZ and
680YZ

ox (see below) at odds with the expected downshift in the
m of P680

+/P680 resulting from the disassembly of the cluster.
Another factor that affects the reduction potential of

680
+/P680 is the axial coordination of chlorophyll. Site-directed

utations were constructed in Synechocystis 6803 at D1-His198
nd D2-His197, replacing the axial ligands to PD1 and PD2 with
wide range of residues. Some of these were characterized

inetically to determine the extent of radical pair formation
18] and the apparent equilibrium constant for the reaction

ZP680
+ = YZ

•(H+)P680 [32,101]. Replacement of D1-His198
ith Gln and Lys produced increases in the P680

+/P680 reduc-
ion potential (0–53 and 88 mV, respectively) while Ala, Cys,
lu and Ser produced substantial decreases (−29 to −82 mV;
77; −117; and −112 mV, respectively) ([32] and see also [19]).
he increase in the His to Gln and His to Lys mutants likely

esults from the loss of the polarizable His coordination and
ts replacement with a cationic residue, respectively. Cys and
lu provide anionic ligands while the Ala and Ser replacements
ost likely result in axial coordination by a water molecule
hich deprotonates upon formation of PD1

+. In all of these four
ases, an anionic ligand stabilizes the cation, lowering the reduc-
ion potential. Replacements of D1-His198 with Leu [32] and
2-His198 with Leu [32] and Tyr [102] resulted in no stable

ccumulation of reaction centers, presumably because they inter-
ere sterically with the coordination of a chlorophyll, preventing
roper folding of the polypeptide. It was thus not possible to con-
truct a heterodimeric special pair in PSII as in the case of the
acterial reaction centers (see above).

.5. The operating potential of YZ
ox/YZ

The combined knowledge of the free-energy changes asso-
iated with YZ oxidation on the one hand and of the redox
otential of the P680

+/P680 couple, on the other hand, sets the
perating redox potential of the Yox/YZ couple. Yet, as will be

iscussed below, proton release may occur, depending on the
-states, in a time-range similar to the lifetime of YZ

ox. As a
roton transfer is associated with significant relaxation energy,
he operating midpoint potential of YZ ought to be defined as
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Fig. 4. Electron transfer and proton transfer dynamics in Photosystem II: the
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lectron donor side. The top panel applies to the S0 to S1, S1 to S2 and S2 to S3

ransitions whereas the bottom panel is a focus on the S3 to S0 transition. See
ext for a detailed discussion.

function of time (see Fig. 4). In O2-evolving PSII, the free-
nergy change associated with YZ oxidation has been inferred
rom the rate of reduction of P+. These kinetics are strongly
ultiphasic (see [103–106] for reviews). By studying the con-

equences of H/D substitution, various groups have proposed
hat the fast phases (sub-�s) correspond to pure electron trans-
er steps whereas the slow phases, apparent in the �s to tens of
s time-range reflect relaxation processes likely resulting from
roton transfer ([107–110,104,106] for reviews). In an attempt
o discriminate the energetics of these various processes, we will
efine the operating midpoint potential of YZ

ox at 2 �s, a time
hich is long enough to allow completion of the electron trans-

er steps but not of the ensuing relaxation steps. Furthermore, as
he equilibrium between P680

+YZ and P680YZ
ox depends on the

-states, we will focus on the value of the equilibrium constant
n the presence of the S3 state. There is a general agreement
hat the free-energy drop associated with YZ oxidation is small,
0–40 meV [103,111,112]; so that the operating midpoint poten-
ial of the YZ

ox/YZ couple would be ∼1.2 V (see Figs. 3 and 4).

.6. The operating potentials of the Si/Si+1 couples

The equilibrium constants between YZ
oxSi and YZSi+1 were

etermined by electroluminescence studies and were found to
e dependent on the S-states: 9 (55 meV), 5 (40 meV) and 65,
105 meV) for the S1, S2 and S3 states at pH 6.6, respectively
113] (see Fig. 3). It should be noted, that the amplitudes of elec-
roluminescence were measured 20 �s after the flash so that, as
lluded to above, relaxation processes leading to the stabilization
f YZ

ox should be taken into account. These were estimated to be

20 meV by Jeans et al. [112]. Altogether this would locate the
idpoint potentials of the S1/S2, S2/S3 and S3/S0 couple in the

.12, 1.14 and 1.08 V range, respectively. The free-energy gap
etween P680

+S1 and P680S2 would thus be ∼130 meV which is
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d
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bout 110 meV smaller than the estimate of 240 meV obtained
bove from the analysis of the kinetics of charge recombination.
he discrepancy, between the charge recombination analysis and

he electroluminescence studies may however be smaller since
he latter approach probed the stabilization in energy provided
y the successive forward electron transfer/proton transfer steps,
hereas the former probed the decay of the relaxed charge sep-

rated state to the ground state. Consistent with this, Vos et al.
bserved luminescence decay occurring in the 15–400 ms time-
ange (i.e. slower than YZ

ox reduction by the S-states) that were
scribed to relaxation processes. These components provide an
dditional stabilization by a factor of 6 to the S2 state, which
ranslates, into an additional drop in free-energy by ∼50 meV
113]. Considering the uncertainties of the various values which
eed to be added and the different experimental conditions, such
s pH, the agreement between the different approaches described
ere is, in our opinion, satisfying.

.7. Can the midpoint potential of YD
ox/YD serve as a

eference?

Until now we have mostly relied on the midpoint potential
f the QA/QA

− couple as a reference. Although we discussed
he reason which led us to dismiss the midpoint potential of the
heo/Pheo− couple, the robustness of the above described ener-
etic construct should be evaluated in comparison with other
eference points. The midpoint potential of the YD

ox/YD has
een titrated in Mn-depleted PSII at pH 8.5 by Boussac and
tienne who determined a value of 760 mV [60]. By studying

he rate of reduction of YD
ox by phenylenediamine, interpreted

s occurring via the reduction of YZ
ox and the equilibrium

ZYD
ox ↔ YZ

oxYD equilibrium, they estimated the free-energy
ap between these two states at 240 meV [114]. This would
lace the Em(YZ), in Mn-depleted PSII, at 1 V, i.e. about 200 mV
elow the above estimates. There is general agreement that the
quilibrium constant for electron transfer between YZ and P680

+

s significantly larger in Mn-depleted PSII than in the presence
f the Mn4Ca cluster. Besides the possible structural changes,
esulting from the disassembly of the cluster, this difference
ikely stems from the fact that in the absence of the Mn4Ca cluster

Z is the terminal electron donor so that the estimated equilib-
ium constants deal with the relaxed states. Comparing the rates
f charge recombination of the YZ

oxQA
− and P680

+QA
− states

as led to estimates for the free-energy between these two of
60–210 meV at basic pH [111,115–117] so that, when taking
.25 V as a reference for the P680

+/P680 couple, the redox poten-
ial of the YZ

ox/YZ couple would be ∼1.05 V in reasonable
greement with the estimate derived by Boussac and Etienne
60]. The use of the latter estimate requires some caution as the
PR spectrum for YD

ox, on which the titration was based, is
acking in hyperfine structure and there may have been some
hemical modification induced by the use of the strong oxidant
2IrCl6. Another possible difficulty with the use of the midpoint

otential of YD

ox/YD as a reference is its likely but, to our knowl-
dge, yet uncharacterized dependence upon pH. Indeed recent
tudies have shown that the rate of oxidation of YD is strongly
ependent upon pH, slowing dramatically below pH 7.7 ([118]
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nd [119] for a review). This observation was interpreted as
eflecting the protonation of a residue which would otherwise
ave served as a proton acceptor in the phenolic proton trans-
er which would normally accompany the oxidation of YD. As
NDOR [120] and FTIR [98] studies have shown that YD

ox is
neutral radical, the phenolic proton released upon its forma-

ion was proposed to be borne at least partially by D2-His189
118,121], the source of the hydrogen bond to YD

ox (see [122]).
n any case, were a positive charge to be trapped in the vicin-
ty of YD

ox at pH 7.7, it would significantly raise the YD
ox/YD

idpoint potential. But is it trapped? In addition to the pH effect
n the yield of YD oxidation, evidence that the proton released
pon YD oxidation is indeed retained in its vicinity comes from
n electrochromic shift of PD2 when YD is oxidized [32,123].
urthermore, light-induced assembly of the Mn cluster is less
fficient in a mutant lacking YD, consistent with the implicit
ypothesis that the presence YD

ox modifies the energetic pic-
ure in PSII [124]. Yet, the various studies aimed at quantifying
he electrostatic consequences of the positive charge associated
ith YD

ox by comparing the kinetics of reduction of P680
+ or

he (P680
+-P) difference spectrum in a WT (with YD oxidized)

nd a mutant lacking YD consistently pointed to surprisingly
mall differences [101,125,126]. As discussed in [101,119] this
pparent lack of electrostatic effect of YD

ox may merely result
rom the fact that at low pH, the proton acceptor is protonated
n the mutant and would mimic the formation of YD

•(H+) in
he WT. At pH 6.0, Vass and Styring estimated the free-energy
ap between YD

oxS1 and YDS2 to be ∼170 meV [127] by com-
aring the lifetime of the YD

oxS1 to the rate of deactivation of
tate S2 to S1. Taking the value of 1 V determined above for the
2/S1 couple (we take the “relaxed” value since the decay of
D

oxS1 has a 500 min half-time), places the midpoint potential
f YD

ox/YD at 830 mV at pH 6.0, i.e. only 70 mV above the
60 mV obtained at pH 8.5, an increase which is far from unre-
listic considering the 150 meV that could provide the 2.5 pH
nit difference in pH. It should be noticed, however, that the life-
ime of YD

oxS1 is smaller at pH 8.5 than 6.5 suggesting that the
quilibrium with YDS2 is shallower at high pH [127]. Yet, the
xygen evolution capacity of PSII decreases as the pH increases
o that the integrity of the Mn4Ca cluster may be questioned at
H 8.5. Furthermore, as emphasized by the authors [127], given
he lifetime of the YD

oxS1 state (hundreds of minutes), other
rocesses may compete with the considered pathway involving
quilibrium with the S2YD state and the deactivation of S2 into
1 so that comparing the lifetime of the YD

oxS1 and S2 states
nly yields a lower limit for the redox potential difference. Alto-
ether, the redox potential of the YD

ox/YD couple determined at
H 8.5 in Mn-depleted PSII is probably not a reliable base upon
hich to construct the energetics of oxygen-evolving PSII.

. The energetics of water-splitting

.1. Is water-splitting driven by entropy changes?
There is, however, another available redox couple which,
t first sight, should be an inescapable reference: the
edox potential of the O2/2H2O couple. Obviously, from

t
p
f
t
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he outcome of the oxygen evolving complex turnover:
4 + 2H2O ↔ S0 + O2 + 4H+, it follows that, were the reaction
ccurring in solution, its equilibrium constant would be the
ifference between the redox potential of the S3YZ

ox/S0 and
2/2H2O couples. In this case, the redox potential of the latter

ouple, 815 mV at pH 7, would set the lower limit for the neces-
ary oxidizing potential. Yet, because the free-energy difference
ncludes purely entropic terms, such as dilution of the product
4H+ and O2), the relevant free-energy difference of the elemen-
ary water-splitting reaction at the level of the catalytic site is
xpected to be significantly smaller, a point that was strongly
ade by Krishtalik [128,129]. This led him to introduce the

oncept of the ‘configurational potential’, Ec, which is obtained
rom the standard potential after subtraction of the terms depend-
ng on the concentration of the reactant and products [128]. In
he likely case where splitting of 2H2O molecules follows an
verall four electron reaction, Ec was estimated at 1.4 V. This
s significantly higher than the available oxidizing power dis-
ussed above, which would suggest that water-splitting per se
s a strongly activated process, mostly driven by the increase in
ntropy resulting from the dilution of the products. Yet, the value
f 1.4 V is most likely overestimated. As discussed in detail by
rishtalik, several factors may concur to decrease the activation

nergy of the elementary steps. Prominent among them is the
resence of a proton-accepting group, which would be depro-
onated beforehand during the steps preceding water-splitting
128]. By acting as a strong base during the water-splitting pro-
ess, it would decrease the number of released H+ and hence the
ifference between the standard and configurational potentials
f the O2/2H2O couple. This points to the issue of the stoichiom-
try of proton release accompanying the S4 + 2H2O ↔ S0 + O2.
lthough, this has been a strongly debated issue, it is now agreed

hat the overall S3 to S0 step leads to the release of ∼2H+

see [130] for a review and [131–134]). Furthermore, based
n the time-resolved measurement of the electrochromic band-
hift associated with YZ

ox [135], of the proton release [133]
r of delayed luminescence [136], proton release has been pro-
osed to occur upon formation of the YZ

oxS3 state and prior
o the reduction of YZ

ox (see Fig. 4). As a consequence, about
hree weak acids would be deprotonated before S4 is formed
nd may act as strong bases and bind the product H+ as their
Kas are reset when electrons are abstracted from water. These
ases would further facilitate water oxidation, i.e. decrease the
ctivation energy of the elementary steps, by promoting depro-
onation of the substrate; the free-energy change resulting from
his proton transfer being proportional to the difference between
he pKas of the proton acceptor and donor (H2O) (see the review
y H. Dau and M. Haumann in this issue for a more detailed
iscussion). That such processes are indeed at work in PSII was
xperimentally substantiated by the observation that the overall
4 → S0 + O2 step, which develops with a 1.2 ms half-time, was
receded by an electrostatic relaxation phase [135,136]. By fol-
owing the reduction of YZ, at 295 nm, Rappaport et al. showed

hat electron transfer to the S3YZ

ox state was preceded by a lag
hase with a 30 �s half-time. This lag phase in the electron trans-
er sequence was accompanied by a decrease in the amplitude of
he electrochromic band-shift associated with the formation of
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he S3YZ
ox state. It was therefore proposed that, in the presence

f S3, the formation of YZ
ox triggers the expulsion of a proton

rom a yet unidentified group, thereby allowing the splitting of
ater into dioxygen to take place [135]. The existence of this lag
hase was confirmed by time-resolved EPR studies of the decay
f S3YZ

ox [137]. Haumann et al. have recently provided elegant
upport for this model by using time-resolved X-ray absorption
pectroscopy to directly follow the redox changes of the Mn4Ca
luster [136]. By carefully choosing a wavelength specific to the
3 to S0 transition, they unambiguously resolve a lag phase of
00 �s duration in the reduction of the Mn4Ca cluster (we note
hat the half-time of 30 �s determined earlier by Rappaport et
l. translates into an approximate duration of 150–200 �s for the
ag phase). Furthermore, this lag phase was shown to be accom-
anied by a decay of the delayed fluorescence yield developing
n the hundred �s time-range. The temperature dependence of
he amplitude of this decay indicates that it is entropy driven,
s expected for a proton release step [136]. Interestingly, the
hange in free-energy associated with the proton release step
as found to be only slightly pH dependent (80 meV at pH 5.2

nd 110 meV at pH 6.4, see supporting online material in [136])
uggesting that equilibrium with the bulk is not achieved when
lectron transfer takes place, or, in other words, that part of
he driving force made available for proton expulsion is in fact
inetically trapped and utilized to drive water oxidation.

.2. Reversing water-splitting by O2 backpressure

The fact that water-splitting is, at least partly, driven by the
ntropic contribution resulting from the dilution of the prod-
cts has been recently illustrated by the impressive work of
lausen and Junge who showed that water-splitting can be driven
ackwards by increasing the O2 pressure [138–140]. This obser-
ation, in addition to the research field it opens by providing
eans to force the accumulation of reaction intermediates on

he way to oxygen formation, raises important energetic issues.
t unambiguously shows that the overall driving force for water-
plitting is relatively weak since a 10-fold increase in O2 pressure
urned out to be sufficient to half-suppress oxygen evolution.

oreover, by using the amplitude of the 1 ms phase (monitored
ither in the UV or through delayed fluorescence yield) as a sig-
ature of the advancement of the reaction toward O2 production
nd plotting its amplitude as a function of O2 pressure, they could
stimate the overall driving force of the reaction to ∼−80 meV,
t pH 6.7 [138,139], a figure which is close to the −105 meV
eported in [113]. It should be noted that the free-energy dif-
erence derived from these experiments relates to the oxidation
f the two water substrate molecules by the S3YZ

ox(S4) state
ogether with the release of the product into the bulk. It thus
oes not include the energy terms corresponding to the bind-
ng of the two water molecules to the catalytic site and their
ctivation as substrate, and this could, at least partly, account
or the fact that it is significantly smaller than the difference

n midpoint potential of the O2/2H2O (∼850 mV, at pH 6.5)
nd S4/S0 (∼1.1 V see above) couples. Consistent with this,
18 exchange studies showed that the affinity for the second
ater molecule increases 5-fold upon formation of S3 [141] and
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ed to the proposal that the entry of the second substrate water
olecule into the catalytic site and the optimization of the posi-

ioning of the reactants would only occur after S3 is formed
142,143]. Another important outcome of the experiments of
lausen and Junge is the finding that the amplitude of the 1 ms
hase, associated with the decay of S3YZ

ox, decreases as the O2
ressure is increased. This observation puts strong constraints
n the energetic profile of the successive steps which are likely
o occur along the process of water-splitting. If one considers
sequence of elementary reactions: A0 ↔ A1 ↔ A2↔. . .↔An,

aising the free-energy level of the last state in the chain, An,
s expected to decrease the overall free-energy gap between A0
nd An and hence the advance of the overall reaction, as depicted
n [138,139]. Yet, it does not necessarily imply that the equi-
ibrium population of A0 should significantly increase. Indeed,
f one of the various intermediates, Ai for example, lies well
elow A0 in energy, decreasing �GA(n−1)An and thus �GA0An
ill mostly increase the probability for finding Ai, rather than
0. The UV measurements may be ambiguous in this respect
ecause an absorbance change remaining under high O2 pres-
ure could attest to the accumulation of any of the Ai’s provided
t absorbs in this wavelength region. However, the delayed fluo-
escence measurements clearly indicate that a high-energy state
s trapped by the O2 backpressure, so that one may conclude that
he overall water-splitting reaction is unlikely to involve any step
trongly downhill in energy (see Figs. 3 and 4).

.3. Charge recombination and the phenomenological miss
actor

The various thermodynamic and kinetic issues discussed so
ar are not only essential for the understanding of how water oxi-
ation is energetically driven, but they also determine the yield of
he overall process of energy conversion. Besides the efficiency
f trapping and converting a photon into photochemical energy
the quantum yield), the losses of the system are experimentally
bserved by the damped oscillations of the flash-induced oxy-
en yields in a series of saturating flashes [1,2]. This damping
as accounted for by incorporating in the S-state cycle a miss

actor, a statistical probability that a PSII fails to increment the
-states after a saturating flash. Two non-exclusive possibilities
an account for such misses. The photochemical trap may either
e inactive when hit by a photon, or alternatively act as a trap
ut be inefficient in stabilizing the charge separated state. The
rst case has been extensively treated by Shinkarev and Wraight
144,145] who attributed the probability of misses to that frac-
ion of PSII that is in the P680

+QA or P680QA
− states, or in

ther terms, on the equilibria at the donor and acceptor sides of
SII. Whereas the relatively small equilibrium constant between
A

−QB and QAQB
− (∼20 at pH 7 [146,147]) indeed predicts

hat 5% of the centers should be closed when an even-numbered
ash is fired (and thus 2.5% on the average), the equilibrium
onstants between P680

+Si and P680Si+1 are too large (∼104,

ee above) for a significant fraction of centers to be in the P680

+

tate before any flash. As typical values for the miss factor are
n the order of 10%, the probability for a photon to hit an inac-
ive trap thus seems too low to account for the totality of the
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isses. Thus, there must be PSII centers in which charge sep-
ration occurs without being stabilized by an increment of the
-states cycle. This issue was recently revisited by de Wijn and
an Gorkom [84,148,149], who studied the decay of P680

+ via
ime-dependent changes in the fluorescence yield or electrolu-

inescence. They observed that ∼5% of the misses are caused
y P680

+QA
− charge recombination, suggesting that this pro-

ess competes with the reduction of P680
+ by YZ. Furthermore,

he probability for such a loss was found to increase with the
xidation state of the Mn4Ca complex, with half of it occurring
n the presence of S3 [148]. This observation is consistent with
he features discussed above for the thermodynamic and kinetic
arameters associated with the reduction of P680

+ since the low
quilibrium constant between P680

+YZ and P680YZ
ox together

ith the relatively slow relaxation process result in a signifi-
ant fraction of P680

+QA
− which has a long enough lifetime to

ndergo charge recombination. As pointed out in [104,149], the
ssue as to whether these relaxation phases reflect homogeneous
i.e. the probability for their occurrence in a given center is the
ame for all centers) or heterogeneous processes (different con-
ormations which inter-convert in a longer time-domain than
hat of the studied process) is still unresolved. By comparing
he misses in the period four oscillations of the electrolumines-
ence burst arising from P+QA

− or YZ
oxQA

−, de Wijn and van
orkom concluded that the population of active centers under-
oing charge separation loss via either of these two processes is
edistributed between flashes, placing an upper limit of tens of
s on the redistribution time [149]. Evidence for the existence

f two slowly inter-converting populations of PSII reaction cen-
ers, with different efficiencies with respect to the stabilization
f charge separation, comes from the finding that more than
0 ms is required after a saturating flash to convert the PSII
eaction centers in which charge recombination has occurred
nto efficient stabilizers [150]. Although, there is presently no
tructural rationale for the existence, in a small fraction of cen-
ers (∼5%), of a conformation that would be inefficient in the
tabilization of charge separation, a heterogeneity in the H-bond
etwork which likely participates in proton transfer associated
ith slow components in P680

+ reduction, as initially proposed
y Tommos and Babcock [151], is a good candidate. In addition
o these intrinsic PSII properties, the efficiency of PSII to stabi-
ize the charge separation when kept in its native environment
i.e. a coupled membrane) is expected to depend significantly on
he transmembrane electrochemical potential, which builds up
pon illumination of intact photosynthetic membranes. Indeed,
he quantum yield on the one hand, and the probability for
harge recombination on the other hand, have been shown to
e, respectively, decreased and enhanced by a transmembrane
lectrochemical potential [152–156].
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K. Möbius, W. Lubitz, G. Feher, Biochim. Biophys. Acta 1183 (1993)
139.

[93] A. Ivancich, K. Artz, J.C. Williams, J.P. Allen, T.A. Mattioli, Biochem-
istry 37 (1998) 11812.

[94] L. Laporte, V. Palaniappan, C. Kirmaier, D.G. Davis, C.C. Schenck, D.
Holten, D.F. Bocian, J. Phys. Chem. 100 (1996) 17696.

[95] M. Huber, R.A. Isaacson, E.C. Abresch, D. Gaul, C.C. Schenck, G. Feher,
Biochim. Biophys. Acta 1273 (1996) 108.

[96] J.P. Allen, K. Artz, X. Lin, J.C. Williams, A. Ivancich, D. Albouy, T.A.
Mattioli, A. Fetsch, M. Kuhn, W. Lubitz, Biochemistry 35 (1996) 6612.

[97] C. Berthomieu, R. Hienerwadel, A. Boussac, J. Breton, B.A. Diner, Bio-
chemistry 37 (1998) 10548.

[98] R. Hienerwadel, A. Boussac, J. Breton, B.A. Diner, C. Berthomieu, Bio-
chemistry 36 (1997) 14712.

[99] M. Sarcina, J. Breton, E. Nabedryk, B.A. Diner, P.J. Nixon, in: G. Garab
(Ed.), Photosynthesis: Mechanism and Effects, vol. 2, Kluwer Academic
Publishers, Dordrecht, 1998, p. 1053.

[100] A. Camara-Artigas, D. Brune, J.P. Allen, Proc. Natl. Acad. Sci. U.S.A.
99 (2002) 11055.

[101] B.A. Diner, J.A. Bautista, P.J. Nixon, C. Berthomieu, R. Hienerwadel,
R.D. Britt, W.F. Vermaas, D.A. Chisholm, Phys. Chem. Chem. Phys. 6
(2004) 4844.

[102] W.F.J. Vermaas, M. Ikeuchi, Y. Inoue, Photosynth. Res. 17 (1988) 97.
[103] K. Brettel, E. Schlodder, H.T. Witt, Biochim. Biophys. Acta 766 (1984)

403.
[104] F. Rappaport, J. Lavergne, Biochim. Biophys. Acta 1503 (2001) 246.
[105] G. Renger, Biochim. Biophys. Acta 1503 (2001) 210.
[106] G. Renger, Biochim. Biophys. Acta 1655 (2004) 195.
[107] F. Rappaport, G. Porter, J. Barber, D. Klug, J. Lavergne, in: P. Mathis (Ed.),

Photosynthesis: From Light to Biosphere, Kluwer Academic Publishers,
Dordrecht, 1995, p. 345.

[108] M.J. Schilstra, F. Rappaport, J.H.A. Nugent, C.J. Barnett, D.R. Klug,
Biochemistry 37 (1998) 3974.
[109] G. Christen, A. Seeliger, G. Renger, Biochemistry 38 (1999) 6082.
[110] G. Christen, G. Renger, Biochemistry 38 (1999) 2068.
[111] R. Ahlbrink, M. Haumann, D. Cherepanov, O. Bögershausen, A. Mulkid-
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